ABSTRACT In most differentiated cells, microtubules reorganize into noncentrosomal arrays that are cell-type specific. In the columnar absorptive enterocytes of the intestine, microtubules form polarized apical-basal arrays that have been proposed to play multiple roles. However, in vivo testing of these hypotheses has been hampered by a lack of genetic tools to specifically perturb microtubules. Here we analyze mice in which microtubules are disrupted by conditional inducible expression of the microtubule-severing protein spastin. Spastin overexpression resulted in multiple cellular defects, including aberrations in nuclear and organelle positioning and deficient nutrient transport. However, cell shape, adhesion, and polarity remained intact, and mutant mice continued to thrive. Notably, the phenotypes of microtubule disruption are similar to those induced by microtubule disorganization upon loss of CAMSAP3/Nezha. These data demonstrate that enterocyte microtubules have important roles in organelle organization but are not essential for growth under homeostatic conditions.
INTRODUCTION
The past two decades have provided significant insight into microtubule-binding proteins and their effects on microtubule dynamics and organization in cultured cells. The roles of microtubules, as well as their organization and dynamics, in intact tissues are less wellunderstood (Muroyama and Lechler, 2017a) . In most differentiated cells, including the intestine, microtubules adopt noncentrosomal organizations, but we know little about how these networks form or their in vivo functions.
The intestinal epithelium is a highly proliferative and polarized tissue. Proliferation is restricted to crypts, which are invaginations of the epithelium into the underlying mesenchyme (Tan and Barker, 2014) . Crypt cells give rise to differentiated enterocytes, goblet cells, and enteroendocrine cells that populate the villus. Enterocytes, the most abundant of these, are columnar epithelia with an essential role in nutrient digestion, absorption, and transport. Prior work on microtubule function within the intestinal epithelium relied on cultured cells, such as Caco-2, or drug treatment of intestinal explants (Hugon et al., 1987; Achler et al., 1989; Eilers et al., 1989; Matter et al., 1990; Gilbert et al., 1991) . It remains unclear whether the microtubule arrays formed in cultured cells fully recapitulate the normal in vivo architecture. Additionally, in vitro culture of intestinal explants may alter normal physiology, and drug treatment may induce nonspecific effects. These studies have revealed somewhat conflicting results on the role of microtubules in cell polarity and cell-cell adhesion formation. For example, whether microtubules are strictly required for maintenance of cell polarity remains controversial (Salas et al., 1986; Cohen et al., 2004; Noordstra et al., 2016; . Importantly, neither of the aforementioned approaches allow for insights into roles for microtubules in physiology over extended time periods in an intact tissue.
More recently, gene ablation has been used to assess microtubule functions in vivo. For example, global loss of the CKK domain of CAMSAP3/Nezha, a minus-end anchoring protein, resulted in defects in microtubule organization in the intestine . The mice failed to thrive, although it remains unclear whether this was a consequence of intestinal defects or alterations in other tissues. This raises the following questions: 1) Can additional functions for microtubules be uncovered by examining a complete loss of microtubules? 2) Are microtubules in differentiated intestinal cells required for proper intestinal physiology? To answer these questions, it is necessary to disrupt microtubules rather than simply alter their organization.
We have taken advantage of a mouse line in which the microtubule-severing protein spastin is expressed in a doxycyclinedependent manner (Muroyama and Lechler, 2017b) . Prior studies demonstrated that this is sufficient for microtubule disruption in other tissues in Drosophila, Caenorhabditis elegans, and mice (Sherwood et al., 2004; Quintin et al., 2016; Muroyama and Lechler, 2017b) . Our strategy allowed us to induce long-term disruption of microtubules in the villus without affecting the proliferative cells of the crypt. In combination with a novel Nezha allele, which affords conditional deletion, we demonstrate that microtubule disorganization yields phenotypes consistent with microtubule disruption.
RESULTS AND DISCUSSION

Centrosome composition and microtubule organization in the intestinal epithelium
The intestinal epithelium is composed of two spatially segregated compartments, crypts and villi (Clevers, 2013; Tan and Barker, 2014) . The crypt contains proliferative stem and transit-amplifying cells, along with differentiated Paneth cells. As cells exit the crypt and enter the villus, they terminally differentiate. We began by analyzing microtubule reorganization as cells differentiate along the cryptvillus axis. In crypts, microtubules were primarily aligned along the apical-basal axis of the cell, with a number of microtubule ends concentrated at the small apical surfaces of these cells ( Figure 1A) . A number of these microtubules extended along the lateral wall and appeared to continue along the basal surface ( Figure 1B) . Imaging of microtubules in isolated epithelial wholemounts confirmed the presence of an extensive basal microtubule network in crypt cells ( Figure 1B ). Similar networks have been reported in Madin-Darby canine kidney (MDCK) cells (Reilein et al., 2005) .
In villi, microtubules formed apical-basal arrays that were highly enriched on the apical side of the nucleus, with a few microtubules extending to the basal surface (Figure 1, C and D) . This is consistent with previous reports in simple columnar epithelial cells (Troutt and Burnside, 1988; Bacallao et al., 1989; Mogensen et al., 1989; . When viewed from the apical surface, an apical microtubule network is apparent, a feature that was recently described in Eph4 cells (Yano et al., 2013) . In villi we found no evidence for the basal networks found in crypts, either in tissue section or in epithelial wholemounts. Taking the results together, we conclude that microtubules undergo a striking reorganization as these cells progress through differentiation.
To better understand how differences in microtubule organization might be controlled, we examined the position and composition of centrosomes, which are microtubule-organizing centers (MTOCs) in most proliferative cell types. Centrin is a centriolar protein that marks all centrosomes in the intestinal epithelium. We found that it was concentrated in puncta at the apical region of crypt cells in the same region where microtubule density was highest (Figure 1, E and F) . This is consistent with the centrosome acting as an MTOC in these cells, although the high density of microtubules makes direct observation of individual microtubules impossible with conventional light microscopy. In villi, all cells maintained centrin puncta on the apical side of the cell, demonstrating that differentiation does not induce loss of centrioles ( Figure 1E ). Notably, we did not observe enrichment of microtubules around the centrosomes in villi, demonstrating that centrosomes do not act as MTOCs in these differentiated cells ( Figure 1F ). Additionally, centrioles were not obligately attached to one another in villar cells and were randomly distributed in the xy plane of the cell when viewed from above ( Figure 1, G and H) .
Although centrioles were intact in all cells, we noted a striking reduction of pericentriolar material (PCM) between crypts and villi. CDK5RAP2, a pericentriolar protein that promotes γ-TuRC nucleation activity, was robustly associated with apical puncta in crypts. In contrast, villar cells had very low levels of CDK5RAP2 at centrosomes (Figure 1 , I-K). Pericentrin showed a similar localization pattern, suggesting that the pericentriolar material is largely lost upon differentiation ( Figure 1K ). To test this, we examined two additional PCM proteins, γ-tubulin and Nedd1. In crypts, both Nedd1 and γ-tubulin were associated with apical puncta. These puncta colocalized with pericentrin, but both also had a diffuse apical localization in addition to their centrosomal localization. In villar cells, there was negligible Nedd1 and γ-tubulin associated with centrosomes. Instead, these proteins were found associated with the apical side of the cell. This relocalization of γ-tubulin has been noted before and is consistent with MTOC activity shifting from the centrosome to the apical cortex where microtubule minus ends are tethered (Salas, 1999) . It is notable that Nedd1 demonstrates a similar reorganization as γ-TuRC because Nedd1/γ-TuRC complexes have been implicated in anchoring microtubule minus ends in keratinocytes (Muroyama et al., 2016) . Taking the results together, we demonstrate that microtubule organization and centrosome composition is altered upon differentiation in the intestinal epithelium, similar to findings in simple epithelia of lower organisms (Brodu et al., 2010; Feldman and Priess, 2012) .
Disruption of microtubules in differentiated cells of the intestinal epithelium
To test the functions of microtubules in differentiated intestinal cells, we generated Villin-rtTA; TRE-HA-spastin mice (referred to as Spastin Villi mice; Figure 2A ). This allows for doxycycline-inducible expression of the microtubule-severing protein spastin in villinexpressing cells. A similar approach was recently used to uncover novel roles for microtubules in the epidermis (Muroyama and Lechler, 2017b) . In TRE-HA-spastin and in Spastin Villi mice not treated with doxycycline, HA was not expressed (unpublished data). In contrast, upon doxycycline administration we saw robust HA staining throughout the intestinal villi, in more than 95% of cells (Figure 2 , B and G). Critically, spastin was not induced in the crypts, which house the intestinal stem cells. Consistent with this, we did not see any mitotic phenotypes in this cell compartment; proliferation and apoptosis rates were normal (Supplemental Figure 1 , A-C).
Some cell types are refractory to spastin-induced microtubule disassembly, potentially due to posttranslational modifications of tubulins (Sherwood et al., 2004; Valenstein and Roll-Mecak, 2016) . We therefore examined microtubules in Spastin Villi mice and found robust loss of microtubules in the villi of these mice (Figure 2, D-F and H). Quantitation revealed an 80% loss of fluorescence intensity, with the remaining signal likely due to tubulin dimers and short filaments ( Figure 2F ). Similarly, staining for Glu-tubulin revealed a dramatic decrease in microtubules ( Figure 2H) . Surprisingly, this did not result in an overt gross phenotype even after 2 wk of doxycycline treatment (a time period over which the epithelium would have been replaced multiple times), and there was no change in animal weight ( Figure 2C ). This demonstrated the remarkable finding that microtubules in differentiated cells of the intestine were not required for viability under standard housing conditions. We next addressed whether there were consequences at the cellular and tissue level when microtubules were disrupted. 
Enterocytes in Spastin
Villi mice maintained their columnar shape. Spastin Villi cells were slightly taller than controls, potentially due to distortions in the apical membrane (Figure 2 , I-K). Microtubules have been implicated in the establishment and maintenance of cell polarity and in apical junctional complexes (Müsch, 2004; Meng et al., 2008) . However, we saw no defects in the polarization or intensity of either adherens junctions or tight junctions proteins in the mutant mice (Figure 2, M and N) . Similarly, markers for apical transmembrane and peripheral membrane proteins remained polarized in the Spastin Villi intestines ( Figure 2L and Supplemental Figure  1D ). Therefore, microtubules are not essential for the proper polarity and membrane localization of a number of key proteins. Notably, while we did not see an increase in basolateral staining of apical components, or the formation of lateral brush border-like structures, which were reported upon drug-induced microtubule depolymerization in intestinal explants, we did note the occasional presence of F-actin-rich structures within cells which appear similar to microvillar inclusions ( Figure 2I) . Notably, this system examines maintenance of polarity and not generation as we are disrupting microtubules in cells that are already polarized.
Although membrane polarity was largely unchanged in Spastin Villi mice, the organization of the cytoplasm was significantly disrupted. Nuclei are normally highly aligned and localized at the base of enterocytes. In contrast, in Spastin Villi mice, nuclei were misplaced along the apical-basal axis of the cells (Figure 2, I and K) . This suggests that the microtubules prevent nuclear movement, either through steric exclusion or by providing tracks for basal movement. In addition to the nuclear positioning defects, the Golgi was also incorrectly placed and fragmented (Figure 3, A-C) . By identifying small regions where spastin-expressing cells neighbored spastinnegative cells, we verified that the effects on nuclear position and Golgi placement were cell-autonomous ( Figure 3D ). Villi mice 1 h after oil gavage. n > 650 lipid droplets for each genotype. ***, p < 0.001.
The defects in cytoplasmic organization suggested that transport pathways for absorbed nutrients may also be affected. To directly test this, we gavaged mice with corn oil and examined their intestines at 1 and 2 h after treatment. Staining of the small intestine with Oil Red O revealed that oil was readily taken up by enterocytes in both control and Spastin Villi intestine ( Figure 3E ). However, the oil was retained in large droplets in the Spastin Villi intestines compared with controls. Lipid droplets were larger in size and preferentially localized to the apical region in mutant intestine ( Figure 2F ). Additionally, while oil trafficked through the cell in mice of both genotypes, the kinetics were delayed in Spastin Villi enterocytes. In control mice, most of the oil was visible in the mesenchyme by 2 h, with little remaining in the epithelium. In contrast, substantial oil droplets remained in the mutant epithelium (Figure 2, E and G) . Taken together, our data reveal that microtubules are required for proper lipid transport in the intestinal epithelium.
Analysis of microtubule disorganization due to loss of Nezha
To directly determine the similarities and differences between microtubule disorganization and microtubule loss, we generated a conditional (cKO) and global (KO) knockout allele of Nezha/ CAMSAP3, which has previously been demonstrated to regulate microtubule organization in the intestine ( Figure 4A and Supplemental Figure 2A ; . We confirmed the loss of Nezha protein by Western blot analysis and immunofluorescence (Figure 4 , B-D). Nezha has been reported to localize to the apical region of enterocytes in the villi, and we found that this localization was lost in the mutant mice. In crypts, Nezha was not enriched at the apical domain but, surprisingly, was found at the base of the cell. This was consistent with the basal network of microtubules that we observed specifically in crypts.
Previous work demonstrated that global loss of the CKK domain of Nezha resulted in failure to thrive and intestinal microtubule disorganization . We similarly found that complete Nezha knockout mice were smaller from birth, with the majority of them succumbing within the first 2 wk of birth and a significant failure to gain weight. Few of these mice survived to adulthood (Supplemental Figure 2, B-D) . This and previous work were consistent with the hypothesis that loss of Nezha function in the intestine led to the failure to thrive, but these data were inconsistent with our studies of the Spastin Villi mice. To resolve this discrepancy, we generated conditional knockout mice in which Nezha was depleted in intestinal epithelial cells using the Villin-Cre transgenic line (el Marjou et al., 2004) . With this line Cre is expressed in both crypts and villi starting during embryogenesis. The growth of the conditional Nezha knockout mice was not impaired despite comparable microtubule disruption in the intestinal epithelia of Nezha cKO and KO mice (Figure 4 , E-G). These data are consistent with our findings with the Spastin Villi mice and reveal that microtubules in the differentiated cells of the intestinal epithelium are not essential for growth. They also indicate that the intestinal phenotypes caused by Nezha loss do not explain the lethality of global Nezha knockout mice and suggest that the requirement for Nezha resides within a different tissue.
Conditional loss of Nezha in the intestinal epithelium resulted in a disruption of microtubule organization, but microtubules were still present, and a significant number were still aligned along the apical-basal axis ( Figure 4E ). Despite this much less dramatic microtubule phenotype, the cell biological effects on cells were similar between Nezha loss and spastin overexpression. Of note, all observed intestinal phenotypes were identical between Nezha cKO and Nezha KO mice, despite the dramatic differences in their growth. Nuclei were displaced apically, and the Golgi apparatus and lysosomes had altered morphologies and localizations ( Figure 5) . As with the Spastin Villi mice, adherens and tight junctions appeared normal (Supplemental Figure 3) . This work has demonstrated the effects of long-term loss of microtubules in the differentiated cells of the intestinal epithelium. Notably, as compared with differentiated epidermal cells, where microtubules play essential roles in cell shape, adhesion, morphogenesis, and differentiation, loss of microtubules had more subtle defects in the enterocytes. Notably, microtubule disruption and disorganization resulted in similar phenotypes. This suggests that gain-of-function effects, due to loss of polymer or increase of tubulin dimer, are not prominent in this tissue. The microtubules in enterocytes are important for cellular organization and lipid processing, but they are largely dispensable for enterocyte function under nutrient-rich conditions.
MATERIALS AND METHODS
Mouse lines and tissue
All mice were housed and maintained in accordance with Duke IACUC-approved protocols. Generation of TRE-HA-spastin mice was described previously (Muroyama and Lechler, 2017b) . To generate the Nezha floxed allele, loxP sites were inserted flanking exons 5 and 9 of CAMSAP3. The Villin-rtTA mouse line was generated previously (Chen et al., 2014) . CMV-centrin-GFP mice were described previously (Higginbotham et al., 2004) . Villin-Cre and CMVCre mice were previously generated and were obtained from Jackson Laboratories (Schwenk et al., 1995; el Marjou et al., 2004) .
Staining and antibodies
Intestinal tissue was either frozen in OCT and sectioned using a cryostat or used for epithelial wholemount isolation. To isolate the intestinal epithelium from the underlying mesenchyme, intestinal tissue was dissected and placed in Hank's balanced salt solution with 30 mM EDTA for 20 min at 37°C. Intestinal tissue was vigorously shaken to isolate the epithelium, and isolated epithelial sheets were fixed for downstream analysis. Depending on the primary antibody used, tissue samples were fixed with either 4% paraformaldehyde (PFA) at room temperature for 7 min or ice-cold methanol for 2 min. For microtubule fixation, intestines were fixed with glutaraldehyde fixation buffer (80 mM PIPES, pH 6.9, 50 mM NaCl, 2 mM MgCl 2 , 0.4 mM CaCl 2 , 1% glutaraldehyde, 3% PFA, 0.2% Triton-X) and then left to fix for 1 h. Tissue samples were then washed overnight at 4°C in phosphate-buffered saline (PBS) and subsequently incubated in 30% sucrose/PBS. Glutaraldehyde was quenched using sodium borohydride on tissue sections after a postfixation step. Slides were washed at least 3 × 30 min in PBS and then processed for staining.
The antibodies used in this study were rabbit anti-CDK5RAP2 (06-1398; EMD Millipore), rat anti-α-tubulin (sc-53029; Santa Cruz), rabbit anti-aPKC (9378S; Cell Signaling Technology), mouse antiNedd1 (39-J; Santa Cruz), rabbit anti-active caspase-3 (AF835; RandD systems), rat anti-β4 integrin (553745; BD Biosciences), rat anti-ECCD2 (kind gift from Colin Jamora, InStem, Bangalore, India), rabbit anti-ZO-1 (61-7300; Zymed/ Invitrogen), rabbit anti-pericentrin (ab4448), rabbit anti-GRASP65 (ab30315), mouse anti-ezrin (ab4069), rabbit anti-Ki67 (ab15580; all from Abcam), mouse anti-γ-tubulin (clone GTU-88), mouse anti-β-actin (clone AC-15), rabbit anti-Nezha (SAB4200171), rabbit anti-α-catenin (C2081), rat anti-HA (11867423001; all from Sigma-Aldrich), mouse anti-aminopeptidase N (HBB3/156/63), rabbit anti-LAMP2 (ABL-93-s), and rat anti-keratin 8 (Troma-1; all from Developmental Studies Hybridoma Bank). F-actin was stained using fluorescently conjugated phalloidin (A12379, Invitrogen; and P1951, Sigma-Aldrich).
Image acquisition
Images of Nezha cKO and full KO intestines and some of the Spastin Villi samples were acquired on a Zeiss Axio Imager microscope with Apotome attachment with the following objective lenses: 10× Plan-Neofluar 0.3 NA lens, 20× Plan-Apo 0.8 NA lens, 40× Plan-Neofluar 1.3 NA oil lens, and 63× Plan-Apo 1.4 NA oil lens. Images on the Axio Imager microscope were acquired using AxioVision software. Images for the remaining Spastin Villi specimens were acquired using a Zeiss Axio Imager microscope with Apotome 2 attachment and Axiocam 506 mono camera with the same objectives. Images on this microscope were acquired using ZEN software. For fluorescence intensity comparisons between control and mutant tissues, images were always acquired within the same imaging session using the same exposure times and parameters.
Image quantification
All image quantification was performed using FIJI software. To quantify centrosomal CDK5RAP2 intensities along the crypt-villus axis, the mean pixel intensity of a 15 × 15 pixel box was measured around the centrosome. Three centrosomes were binned to create an average intensity for that location along the crypt-villus axis. Nuclear positions in Nezha KO and Spastin Villi intestines were quantified by measuring the distance from the apical membrane (labeled by F-actin) and the top of the nucleus. For quantification of cortical α-catenin and ZO-1 intensity in Nezha KO intestines and E-cadherin intensity in Spastin Villi intestines, line scans were performed in single optical planes by manually drawing a 5-pixel-wide line across junctions. Fluorescence intensity along the line was calculated, and the maxima of each line were aligned. The ends were trimmed to normalize the line scans. To quantify centrosome position in villi, individual cells were outlined and the centroid was identified. Cells were normalized to 4 × 4 arbitrary units to account for differences in cell size and shape. Centrosomes were identified and then mapped onto the normalized coordinates relative to the centroid. To quantify GRASP65 particle size, a threshold was applied to images and all particles >0.1 µm 2 were quantified. To quantify LAMP2 particle size, thresholded single optical planes were subjected to particle analysis using FIJI. To quantify lipid droplets from Oil Red O stains, the red channel was thresholded. Line scans from the apical membrane to the nucleus were performed in individual cells and every point where the line crossed a lipid droplet was scored as a "1." If no lipid was encountered at that pixel, it was scored as a "0." Distribution of (E) Quantification of Golgi particle size in control and Nezha KO villar cells. n = 3 mice for each genotype (2319 and 1213 total particles for control and Nezha KO mice, respectively). (F) GRASP65 localization in control and Nezha KO crypts. Scale = 10 µm. (G) LAMP2 localization in control and Nezha KO villi. Scale = 5 µm. (H) Quantification of LAMP2 particle size in control and Nezha KO cells. n = 3 mice for each genotype (one value for each mouse was calculated by averaging between 289 and 2159 particles per mouse). *, p < 0.05; ***, p < 0.001.
the "1"s was then plotted over normalized distance to quantify the distribution of lipid droplets. For quantification of lipid droplet size, the same thresholded images were used. The epithelium was outlined and particle size was calculated using FIJI software. All statistical analyses were performed using GraphPad Prism 5 or 7 software. Unpaired Student's t tests were performed to determine significance. All error bars represent SEM unless otherwise noted in the figure legend.
Oil gavage assay
For the oil gavage experiments, control and Spastin Villi mice were placed on doxycycline-containing food (VWR) for 48 h before the experiment. After 48 h, mice were fasted for 5 h and then gavaged with 50 µl of sterile-filtered corn oil. Mice were killed at 0, 1, and 2 h postgavage, and intestinal samples were frozen in OCT. For Oil Red O staining, intestinal sections on slides were fixed in 4% PFA for 7 min at room temperature, rinsed in ddH 2 O, and then incubated with Oil Red O working solution (300 mg Oil Red O in 36% triethyl phosphate) for 30 min at room temperature. Slides were then washed with ddH 2 O and stained with Mayer's hematoxylin and mounted.
